Plating Prochlorococcus and Synechococcus strains in top agarose for plaque assays

(using GIBCO LM agarose = now called Invitrogen Life Technologies LMP agarose, 

1-800-955-6288, cat# 1-5517-014 for 50 g, 1-5517-022 for 100 g)

(1) Prepare base plates using 0.4% GIBCO LM agarose (0.4g agarose / 100 ml)

a. Make up plates using filtered, autoclaved 75% Sargasso Sea Water (SSW)

b. Add appropriate agarose, then microwave to a boil (NO agarose floaties)

c. Add appropriate nutrients to bring levels up to media of choice (SN, Pro99?), Vortex / shake to mix nutrients thoroughly and asceptically pour plates in hood

d. Allow plates to sit overnight to solidify before adding top agarose

i. Synechococcus base plates can be used 1-3 days after being made, whereas Prochlorococcus base plates should be used the next day

ii. Some strains (MED4, NATL2A, WH 8102, WH 7803) can go without base plates but may not stay pigmented as long as those plates with base plates, whereas other strains may do better without base plates (SS120 and MIT 9312?)

(2) Prepare your cyanophage dilutions ahead of plating cells in top agarose by using media for dilutions in 5 ml Falcon tubes.

a. I like to have the cyanophage dilution volume total 300 (l

b. I prepare cyanophage dilutions with media in 5 ml Falcon tubes to plate the cyanophage by simply adding 2.7 ml of the cell-agarose mixture to the cyanophage dilution that can be vortexed right in the tube and pour plated immediately

(3) Prepare top agarose as 0.5% GIBCO Low-Melt agarose (1 part cells : 4 parts agarose yields ~0.4% agarose final concentration)

a. Use filtered, autoclaved 75% SSW to make up plates

b. Add appropriate agarose (0.5 g / 100 ml SSW) and microwave as above

c. Allow to cool in a pre-heated water bath to ~29(C (solidifies ~24-28(C) and asceptically add filter sterilized nutrients to bring level of top agarose nutrients to desired media of choice

d. Add appropriate volume of cells to top agarose, vortex to thoroughly mix and plate immediately

i. I add 10 ml of a dense stock of exponentially growing cells (~108 cells ml-1) to 40 ml of top agarose in an orange capped 50 ml centrifuge tube

(4) Inoculate a liquid culture using the same dilution chosen for the plates as an indicator of when the plates might turn green (within a few days of each other)

(5) Incubate all plates overnight at ~2-5 uE light without parafilming the plates to allow the top agarose to solidify completely.  After the o/n incubation parafilm the plates (humidity control) and place at the appropriate light levels.  Note: due to the harshness of the plating procedures, the light levels for plating might need be slightly reduced (~ to 33% less) to those used for liquid cultures.  Also, marine cyanobacterial cells will not likely grow if there is any liquid in the agarose (we are plating at the limits of where this agarose can solidify, so if the humidity is wrong I may not get solid top agarose
Cyanophage plaque purification:
1. Plate cells as described in “plating for plaque assay” protocol

2. When plaques begin showing up, pick them using the “coring” technique (details below).  You’ll need to make sure that the appropriate cells are growing to inoculate the cored plaque into a liquid culture to obtain a cyanophage stock.

a. Specifically, poke the plaque in the agarose with the tip of an autoclaved Pasteur pipette to core it out drawing agarose chunks into the pipette.  

i. I would pick a few (2-4?) plaques just in case one does not lyse.

b. Then inoculate 2-5 ml dense cells (whatever is available) with the cyanophage plaque by pipetting up and down a few times.  

c. Let this sit in the incubator for 60 minutes to adsorb and then dilute with about 25 ml media.  

d. Do this in parallel to a control tube of just cells and watch the cyanophage inoculated cultures for lysis relative to the controls. 

3. To follow the liquid cultures, you just need to check (by eye) every couple of days to see if any of them have lysed (significantly reduced color relative to control).

4. When you check them, give them a quick LOW-SPEED vortex (<4) to get the cells off the bottom of the tube (particularly the Syn) without spilling cells.

5. When you go to “harvest” the cyanophage (after lysis), decant the tube into two 50 ml orange capped tubes (~15 ml each; spinning more than that can break the centrifuge tubes) and spin on the Beckman JA-17 rotor, 10K (~13,800g), 17(C, 20 minutes.  NOTE: I’ve found that at these speeds and temperature, adding 25 or 30 ml to an orange capped tube results in breakage 50% of the time.  Set the brake to max, compensation to -5.

6. Transfer the supernatant into two fresh pre-labeled acid-washed glass black-capped tubes (label with: cyanophage name, date, “spun”, 2xplaque purified) for storage.  Work asceptically in the hood with flame.
Cyanophage Isolation, purification and DNA extraction protocol 
(adapted from Rowher et al. 2000)

1. Grow up cells to yield ~1011 cells

a. Inoculate 1 L growth medium with exponentially growing cells (~20-50 ml, near 108 cells ml-1 density) and harvest cells when cell densities in 1L culture ~108 cells ml-1 – NOTE: large volume cultures may require the addition of 10 mM NaHCO3 (final concentration) or bubbling with air to reduce C-limited growth
b. Pellet (4500 rpm on Beckman ~ 3100g, 22(C, 20 minutes) using large 250 ml centrifuge tubes and resuspend pelleted cells using minimal (5 ml) medium

c. Pool into 1L polycarbonate bottle

d. Add 5 ml of stock cyanocyanophage (>106 cyanophage ml-1) for 30 mins. at RT

e. Add 1L of growth medium and incubate until see lysis relative to a control (no-cyanophage) bottle, then …

2. Cyanophage purification (adapted from Sambrook et al. 1989)

a. 10 ml chloroform L-1 cyanophage lysate for 15 mins at RT – skip this step if your cyanophage are sensitive to chloroform???

(strips bilayer off unburst cells to maximize cyanophage yield)

b. Incubate with ribonuclease A (RnaseA; 10(g ml-1=add 1ml stock) and deoxyribonuclease 1 (DnaseI; 0.25 SU ml-1=add 25(l of stock) for 1h at RT

(chews up undigested HMW DNA to avoid losing cyanophage in spin)

c. Add NaCl to final concentration ~1M, incubate on ice 30 mins.

(promotes cyanophage dissociation from particles)

d. Centrifuge 10,000 rpm in a Sorvall GSA rotor for 30 mins. – removes cell debris

i. Filter the supernatant through a Kim Wipe tissue paper (removes chloroform-lysed lipid membranes that float into supernatant)

e. Incubate spnt in polyethylene glycol (PEG 8,000; 100 g L-1) overnight at 4(C

(precipitates cyanophage)

---- stored here if needed ----

f. Collect PEG-cyanophage precipitate by centrifugation at 9,000 rpm using a Sorvall GSA rotor for 30 mins., discard spnt

g. Resuspend pellet into 5 ml Pro99 (or MSM = 32.5 mM NaCl, 12 mM MgSO4, 50 mM Tris, 0.1% gelatin), extract PEG using chloroform

h. CsCl (0.75 g ml-1) added to concentrated cyanophage and transferred to ultracentrifuge tubes (Beckman) – spin 35,000 rpm (110,000 x g) for 24 h at 4(C in SW41 rotor

i. Remove purified cyanophage band (interface of (=1.4 and 1.5 bands on step gradient)

j. Dialyze in Slide-A-Lyzer 10K MWCO dialysis cassettes (Pierce #66425) 0.5 – 3.0 ml sample volume – against buffer of choice (TM100 = 100 mM TrisHCl, 100 mM MgCl2)

k. Calculate the buoyant density (= weight in g per volume in cm3)

3. Extract DNA as the following protocol
DNA Extraction Protocol

1. Take 1 volume of dialyzed, CsCl purified phage lysate and add 50 ug/ml Proteinase K and 0.5% SDS.

a. I used 400 (l CsCl purified lysate = add 1 (l of ProtK 20 mg/ml stock (20(g) and 20 (l 10% SDS stock (0.5% final concentration).

2. Mix and incubate 1 hour at 56(C.

3. Allow to cool to RT.

4. Add an equal volume of phenol and invert several times.

5. Spin 3000g (6000 rpm on microfuge), 5 minutes, RT.

6. Carefully transfer the supernatant with a wide-bore pipette to a fresh tube.

7. Add an equal volume of phenol:choroform (1:1), invert.

8. Spin as above and transfer the supernatant as above.

9. Add an equal volume of chloroform, invert, spin, transfer supernatant as above.

DNA Precipitation protocol

1. Add 2 volumes of ice cold ethanol, mix well and sit on ice 15-30 minutes.  Let stand longer if expecting significantly low DNA yields (<(g).  (I leave overnight at -20(C).

2. Microfuge at max speed 20 minutes.

3. Carefully remove supernatant and fill tube halfway with 70% ethanol (made from 100% with autoclaved milli-Q-water), spin at max for 2 minutes.

4. Repeat the above step one time (2nd 70% wash).

5. Remove as much ethanol as possible without disturbing the pellet – good idea to hold onto the supernatant until confirmed DNA.

6. Leave tube open on bench ~ 15-30 minutes to let ethanol disperse.

7. Dissolve in TE buffer (~ pH 7.6).

Checking DNA concentration with agarose gel
1. Prepare 0.7% agarose (0.35 g agarose per ml of running buffer) and allow to cool long enough to add one drop of EtBr stain to the still warm agarose.

2. Pour the gel gently from center then add the comb and center it.

3. While the gel is cooling, prepare your samples.  1ul of 10xloading buffer per 10ul of sample.  Prepare the appropriate dilutions of the appropriate marker (HINDIII ( DNA).

4. Add running buffer (1xTAE) to cover gel and then gently rock the comb before pulling it out

5. Run at 50V (5V per cm of the gel) bringing the current up and down gently.  Watch for bromophenol blue marker to run about 3-4 cm (~1 hour?)

Protocol by Matthew B. Sullivan, mbsulli@mit.edu


